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This study highlights the importance of determining substrate speciﬁcity at variable experimental conditions.
Lipases and esterases were isolated from microorganisms cultivated from Eucalyptus wood species and then
concentrated (cellulases removed) and characterized. Phenol red agar plates supplemented with 1% olive oil or
tributyrin was ascertained to be the most favourable method of screening for lipolytic activity. Lipolytic activity
of the various enzymes were highest at 45–61 U/ml at the optimum temperature and pH of between at 30–35 °C
and pH 4–5, respectively. Change in pH inﬂuenced the substrate speciﬁcity of the enzymes tested. The majority
of enzymes tested displayed a propensity for longer aliphatic acyl chains such as dodecanoate (C12), myristate
(C14), palmitate (C16) and stearate (C18) indicating that they could be characterised as potential lipases.
Prospective esterases were also detected with speciﬁcity towards acetate (C2), butyrate (C4) and valerate (C5).
Enzymes maintained up to 95% activity at the optimal pH and temperature for 2–3 h. It is essential to test
substrates at various pH and temperature when determining optimum activity of lipolytic enzymes, a method
rarely employed. The stability of the enzymes at acidic pH and moderate temperatures makes them excellent
candidates for application in the treatment of pitch during acid bi-sulphite pulping, which would greatly beneﬁt
the pulp and paper industry.

1. Introduction
Lipase and esterase are two major classes of hydrolase enzymes [1].
Lipases (triacylglycerol acylhydrolases, EC 3.1.1.3) catalyse the hydrolysis of long chain triacylglycerol substrates (> C8), whereas esterases (EC 3.1.1.x) catalyse the hydrolysis of glycerolesters with short
acyl chains (< C8) [2]. The three-dimensional (3D) structures of both
enzymes exhibit the characteristic α/β-hydrolase fold [3] a deﬁnite
order of α-helices and β-sheets. The catalytic triad is comprised of SerAsp-His (Glu instead of Asp for some lipases) and typically also a consensus sequence (Gly-x-Ser-x-Gly) is found around the active site serine
[4]. These lipolytic enzymes have been isolated from plants, animals,
and microorganisms [1,5], however, microbial lipolytic enzymes are
reported to be more robust in nature than plant or animal enzymes
[6,7]. They are also appealing due to their low cost of production and
they are simple to manipulate [1]. Some microbial species reported to
produce these enzymes include Bacillus sp., Pseudomonas sp., Burkholderia sp., Candida rugosa, Candida antarctica, Galactomyces geotricum, Saccharomyces cerevisiae, Yarrowia lipolytica, Trichosporon
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fermantans, Cryptococcus albidus, Aspergillus ﬂavus, Thermomyces lanuginosus and Rhizopus oryzae [8–13]. Due to the versatility of lipases and
esterases, they have various applications in industries such as detergents, starch and fuels, food, baking, pulp and paper, fats and oils,
organic synthesis, leather and environmental application [14,15].
In the pulp and paper industry, the presence of wood extractives
plays a vital role. During pulping, pitch particles (composed of extractives such as triglycerides, fatty acid esters, glycosides, free and
conjugated sterols) [16] tend to coalesce to form black pitch deposits in
the pulp and on machinery which has a negative impact on the process
and quality of pulp [17,18]. Sulphite pulps (acidic) in particular retain
greater amounts of extractives in relation to kraft pulps (alkaline), as
the alkaline method disbands and dissolves the wood resin [19]. The
production of dissolving pulp, which is a high grade cellulose pulp, is
generated using the acid bi-sulphite method.
Traditional methods for the control of pitch include seasoning and
the addition of chemicals [20]. The biotechnological approach of using
enzymes for pitch control is an alternative choice, especially for removal of glycerides. The treatment of pulp with lipases has been
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were obtained [28]. DNA was extracted from isolates and 16S rRNA and
18S rRNA for bacteria and fungi, respectively, were ampliﬁed according
to Ramnath et al. [28]. Following PCR, the amplicons were sequenced
(Inqaba Biotech, South Africa), and the sequences edited and entered in
the Basic Alignment Search Tool (BLAST) algorithm [29] for identiﬁcation of microorganisms.

eﬀective in reducing triglycerides (TG), however, steryl esters (SE) are
frequently at the source of pitch formation [17]. Nonylphenol ethoxylates (NPEs) are the best chemicals for removing pitch components in
chemical pulping. Unfortunately, their use is frowned upon due to their
estrogen mimicking eﬀects. Indeed, their use has been banned in North
American and European chemical pulp mills as pulp handlers in European markets are reluctant to handle pulps treated with NPEs [21,22].
Also, the residual NPE in sulphite pulps are undesirable since the pulps
are commonly used in pharmaceutical and food applications. Based on
a mill study conducted by Sithole et al. (2010) it was suggested that the
inclusion of an enzyme to target residual steryl esters could deliver a
strategic solution to removing the extractives present in sulphite pulps
[21].
Oxidative enzymes such as laccases have also been implemented in
the degradation of various lipophilic extractives such as triglycerides,
free and conjugated sterols, fatty acids and resin acids [23]. Laccases
are typical for white-rot fungi and have been described as prime lignin
degraders. Treatment of wood or pulp with these enzymes could oﬀer a
dual advantage in the company of redox mediators [24,25]. Redox
mediators facilitate laccase removal of residual lignin, in conjunction
with extensive degradation of extractives [26]. A decrease in kappa
number and improved pulp brightness can also observed [19,26].
The enzymes characterized in this study are for application in the
pulp and paper industry, for reduction or elimination of pitch deposit
formation during pulping. Previous studies have reported the incomplete degradation of pitch by lipases [19,21], hence we are conﬁdent that the inclusion of esterases will assist in targeting the side
groups that are theoretically present once the longer chain acyl chains
(triacylglycerides) have been degraded by lipases. Lipases, esterases
and laccases were included as part of this study and were selected based
on their stability and activity at temperatures and pH levels employed
during the acid bi-sulphite pulping of Eucalyptus wood species. To our
knowledge, the lipolytic enzymes produced by microorganisms indigenous to Eucalyptus sp. wood have not been previously investigated.
The results of the present study will provide more information on the
characteristics of these enzymes and their potential for reduction of
pitch components in pulps. For this study it was important to include
diﬀerent types of enzymes that could beneﬁt the pulping process.
Therefore puriﬁcations of the enzymes of interest were not necessary, as
a cocktail of enzymes (excluding cellulases) is required and ideal in this
study for the removal or degradation of all unwanted compounds (excluding cellulose). Combinations of hemicellulases, ligninases and other
accessory enzymes are known to be essential for hydrolysis of plant
biomass [27]. It was also important to test the eﬀects of various conditions on substrate speciﬁcity as most researchers focus only on the pH
and temperature optima of the enzyme and thereafter test substrate
speciﬁcity at optimum conditions. Neglecting to investigate the eﬀects
of pH and temperature on substrate speciﬁcity of enzymes could have
drastic implications for its eﬃciency and eﬀectiveness. Therefore, the
aim of this study was to screen indigenous microﬂora from Eucalyptus
species for lipolytic activity and to determine the eﬀects of pH and
temperature on the hydrolysis of diﬀerent substrates of these lipolytic
enzymes (lipases, esterases and laccases).

2.2. Optimization of plate screening assays for lipolytic activity
There are a number of methods currently available for the screening
of lipases and esterases. However, they vary with sensitivity, cost and
ease of preparation. In this study a few methods were tested and
evaluated.
All strains were pre-cultivated in Luria-Bertani (LB) medium and
malt extract broth for bacteria and fungi, respectively. For detection of
esterase activity a basal medium containing 0.5% (w/v) peptone, 0.3%
(w/v) yeast extract and 2% bacteriological agar (pH 7) supplemented
with 1%, 2% and 5% tributyrin was used. Five millimetre wells were
bored into the agar plates and inoculated with 50 μl of pure bacterial
cultures. Plates were incubated at 37 °C for 48 h. After incubation the
isolates were observed for zones of hydrolysis (clear halos) around the
colonies. Lipase activity was screened for on olive oil/rhodamine B agar
plates. Rhodamine B (1 mg/ml; Sigma Chemical Co., Munich, Germany)
was dissolved in distilled water and ﬁlter-sterilized. The agar plates
contained 8 g nutrient broth, 4 g sodium chloride, 10 g agar (per litre)
(pH 7). After autoclaving the medium was cooled to 60 °C, 31.25 ml
olive oil and 10 ml of Rhodamine B solution (0.001% [wt/vol]) was
added and stirred vigorously for 1 min. The medium was allowed to
stand for 10 min to reduce foaming before pouring into sterile petri
dishes. Lipase production was detected by irradiating plates with UV
light at 350 nm [30]. Due to diﬃculty encountered with reading the
screening plates using the above mentioned methods, two additional
screening methods were tested, viz., assay with phenol red and tween
agar plate screenings. Phenol red olive oil/tributyrin agar plates were
prepared as follows (g/L); 0.01% (w/v) phenol red, 0.1% (w/v) CaCl2,
1% (v/v) substrate, 2% (w/v) agar and pH adjusted to 7.3-7.4 with
0.1 N NaOH [31]. Organisms were inoculated onto the phenol red agar
plates supplemented with 1% substrate and incubated at 37 °C for 24 days. The principle behind this assay is that a slight drop in pH from
7.3 (end point of the phenol red dye) to a more acidic pH will result in a
change of colour from red to orange. The increase in acidity is due to
the release of fatty acids following lipolysis [31]. A precipitation test
using Tween 20 and Tween 80 agar plates was carried out to conﬁrm
lipolytic activity. Tween substrate plates were prepared as follows (g/
L); 10 g peptone, 5 g NaCl2, 0.1 g CaCl2·2H2O, 20 g agar and 10 ml (v/
v) Tween 20/80 [32]. This method is based on the principle of calcium
salt precipitation. The hydrolysis of tween releases fatty acids which
bind with the calcium in the medium to form insoluble crystals around
the point of inoculation. Tween 80 is used for the detection of lipases as
it contains esters of oleic acid, whilst Tween 20 is used for esterases as it
contains esters of lower chain fatty acids [32]. The organisms were
inoculated onto the plates and incubated at 37 °C for 2–4 days. A white
precipitation around the boundary of the colony was indicative of lipase
activity [31].
Fungal isolates were screened for laccase activity on PDA plates
supplemented with and 0.2% bromophenol blue [33] (Merck, South
Africa). Plates were incubated at 40 °C for 5 days, and then visually
examined to evaluate the decolourizing ability of the fungal enzymes.
To establish cellulase activity, substrates speciﬁc for the detection of
exoglucanase (1% (w/v) avicel) and endoglucanase (1% (w/v) carboxymethyl cellulose (CMC)) were used to screen isolates on NA and
PDA agar plates, for bacteria and fungi, respectively. All screening assays were performed in duplicate.

2. Materials and methods
2.1. Isolation and identiﬁcation of bacterial and fungal cultures
Five grams of wood chips from a commercial wood chip pile and
individual Eucalyptus spp. were thoroughly washed by vortexing with
5 ml of phosphate buﬀer (pH 8.0) for 5 min. The washings were serially
diluted and spread onto nutrient agar (NA) and potato dextrose agar
(PDA) (Merck, South Africa) and incubated at 37 °C and 40 °C for 1 and
5 days, for the growth of bacteria and fungi, respectively. Colonies were
selected based on morphological features; size, shape, pigmentation,
margin, consistency and elevation and sub-cultured till pure isolates
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Tris-HCl, 0.5 M NaCl, pH 8.0) and disrupted by ultrasonic treatment for
10 min in 10 s intervals. The cell lysate was centrifuged at 10 000 rpm
for 10 min at 4 °C, and the supernatant was recovered to test intracellular activity. To test extracellular activity the cell free supernatant was collected and concentrated 10-fold by ultraﬁltration with an
Amicon system (Millipore, Massachusetts, USA) using ﬁrst a 3 kDa cutoﬀ membrane after which a 50 kDa cut-oﬀ membrane was used on the
concentrated sample to remove proteins larger than 50 kDa.

2.3. Enzyme assays
Lipolytic activity was determined spectrophotometrically by measuring the release of p-nitrophenol. P-nitrophenyl (p-NP) esters with
various lengths of aliphatic acyl chains were used to determine esterase;
p-NP acetate (C2), p-NP butyrate (C4), p-NP valerate (C5) and lipase; pNP octanoate (C8), p-NP dodecanoate (C12), p-NP myristate (C14), p-NP
palmitate (C16), and p-NP stearate (C18) activity. The substrate mixture
consisted of 0.5 mM p-NP substrate in methanol, 50 mM tris-HCl buﬀer
(pH 8) and 0.1% Triton X-100. The standard assay mixture contained
200 μl of substrate mixture and 20 μl of the crude supernatants, which
were incubated at 37 °C for 1 h. The enzyme activity was determined by
measuring the release of p-NP at an absorbance of 405 nm. One unit (U)
of enzyme activity was deﬁned as the amount of enzyme required to
release 1 nM of p-NP per min under the assay conditions. Lipase/esterase and laccase activity was calculated from the formula derived
from the Beer-Lambert Law: enzyme activity (U ml−1) = ΔA.V/ε.t.v.
ΔA is the change in absorbance over time; V is the total volume of
reaction mixture (ml); ε is the molar extinction coeﬃcient in
nM−1 cm−1; t is the incubation time in minutes, and v is the volume of
the enzyme in the assay mixture (ml) [34]. The appropriate extinction
coeﬃcient for each substrate under these assay conditions was used to
calculate activity [35].
Laccase activity was determined based on the oxidation of syringaldazine substrate according to a protocol from Sigma-Aldrich (USA)
[36]. The assay mixture (1 ml) contained 733 μl of acetate buﬀer
(100 mM, pH 4/5) and 167 μl of laccase enzyme extract. The reaction
vessels were equilibrated to 37 °C and absorbance monitored at 530 nm
until constant. Thereafter 100 μl of 0.216 mM syringaldazine were
added to the assay (to begin the reaction), followed by immediate
mixing by inversion. The assays were incubated for 10 min and the
increased absorbance was recorded using a UV-1800 Shimadzu UV
Spectrophotometer (Japan). Production of the corresponding quinone
was monitored at 530 nm (ε530 = 65 000 M−1 cm−1). One enzyme
unit is deﬁned as the amount of enzyme that will oxidise 1 μmol of
syringaldazine per min, under the assay conditions [37].
The dinitrosalicylic acid (DNS) assay was used to determine cellulase activity by detecting reducing sugars which are liberated by the
hydrolytic action of endo- and exo-glucanase on diﬀerent cellulose
substrates (avicel and carboxymethylcellulose) [38].

2.6. Native & SDS-PAGE
Protein sizes were determined by Sodium Dodecyl Sulphate
Polyacrylamide Gel Electrophoresis (SDS-PAGE) as outlined by Judd
(1996) [40]. Samples were electrophoresed by Native-PAGE (no SDS
included) and SDS-PAGE in 12% polyacrylamide gels according to the
method of Laemmli (1970) [41]. Protein concentration was determined
using the Bradford assay (Bradford, 1976) [42].
Native SDS-PAGE was utilized to ensure removal of potential cellulases. To identify endo and exo-glucanases, 12% native-PAGE gels
containing 1% avicel and carboxymethylcellulose, respectively, (prepared in 50 mM phosphate buﬀer pH 7) were prepared. Following
electrophoresis at 100 V for approximately 90 min at room temperature, the gel slab was cut in two halves; one half was stained using 0.5%
Coomassie Brilliant Blue R250 (Sigma-Aldrich, Germany) to determine
the size of the proteins and the other portion was used to detect enzyme
activity. The gel for activity staining was washed with 50 mM phosphate buﬀer (pH 7) for 5 min, followed by staining in Congo-Red solution (0.1%, [w/v]) for 15 min. The gel was then destained with 1 M
NaCl to visualise the clearing zone of hydrolysis, and then ﬁxed with
0.5% (v/v) acetic acid [43].
2.7. Statistical analysis
Results shown here are the means of three independent determinations. Standard deviations for each of the experimental results were
calculated using Microsoft Excel software and represented as error bars.
3. Results and discussions
3.1. Identiﬁcation of isolated bacteria and fungi
A total of ten diﬀerent bacterial strains were isolated using the
traditional culture and identiﬁcation method using 16S rRNA sequencing: three Bacillus spp., three diﬀerent Pseudomonas aeruginosa isolates,
Inquilinus sp., Micrococcus sp., Pantoea sp., Klebsiella, Streptomyces sp.
and Cellulosimicrobium sp. (Table 1) (all with a similarity index of more
than 97%). Bacillus spp. were the predominant bacterial species (33%).
Some of these genera such as Bacillus, Pantoea, Klebsiella and Pseudomonas have previously been identiﬁed in other woods [44,45], whilst
others such as Inquilinus and Mucilaginibacter have not observed in
woods. The two fungal isolates described in this study were identiﬁed
as Paecilomyces formosus (F4) and Phialophora alba (X) using 18S rRNA
sequencing. Both these fungal isolates have not been previously identiﬁed in Eucalyptus spp. woods.

2.4. Eﬀects of temperature and pH on lipase/esterase activity and stability
The eﬀect of temperature on enzyme activity was determined by
conducting assays at incubation temperatures ranging from 25 to 50 °C
(with 5 °C increments) and various p-NP esters as substrates [39].
Temperature stability of puriﬁed enzyme was determined by incubating
the enzyme at various temperatures (25–50 °C) and estimating residual
enzyme activities after incubation for 30 min, 1, 1.5, 2, 2.5, and 3 h.
The eﬀect of pH on enzyme activity was determined by assaying enzyme activity over a pH range of 3–12 using p-NP esters as substrates
[39]. Citrate–phosphate buﬀer (pH 3 to 6), tris–HCl buﬀer (pH 7 and 8),
carbonate–bicarbonate buﬀer (pH 9 and 10) and sodium-bicarbonate
and sodium-phosphite buﬀer (pH 11 and 12) were used as buﬀer systems. Stability of the puriﬁed enzyme over a range of pH was also determined by measuring the residual activity after incubating 200 μl of
the enzyme in 1800 μl of the above mentioned buﬀer systems (pH 3–12)
for 3 h at the optimum temperature. Absorbance was read at 405 nm.

3.2. Optimization of plate screening assays for lipase and esterase activity
One percent tributyrin (esterase activity) was optimal for bacteria
isolated from the mixed wood sample (Table 1), however, 2% was
optimal for bacteria from individual wood species (Table 2). Slight
halos were observed for a few of the bacterial isolates in 5% tributyrin
plates. Plate screening assays for lipase activity revealed minimum lipase activity for isolates from mixed wood species; however, for bacteria isolated from individual Eucalyptus species, 1% substrate concentration was optimal. Sixty-seven percent, 28% and 28% of the
isolates displayed activity on 1%, 2% and 5% tributyrin plates,

2.5. Production of crude enzyme extracts
The selected bacterial isolates were grown in basal medium containing 0.5% (w/v) peptone and 0.3% (w/v) yeast extract supplemented with 1% tributyrin. Flasks were incubated at 37 °C for 24 h at
180 rpm. Cells were harvested by centrifugation at 10 000 rpm for
10 min. The cell pellet was then resuspended in lysis buﬀer (20 mM
116
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Table 1
Lipase and esterase activity of bacteria isolated from a mixed Eucalyptus wood chip pile.

B1
B2
B4
B5
B6
B7
B9
B10
B12
B14
B15
B16

Species

AccessionNumber

Esterase 1% Trb

Esterase 2% Trb

Esterase 5% Trb

Lipase 1% Oil

Lipase 2.5% Oil

Pseudomonas aeruginosa
Pseudomonas aeruginosa
Bacilllus ﬁrmus
Micrococcus luteus
Bacillus sp.
Inquilinus limosus
Pantoea sp.
Klebsiella sp.
Bacillus ginsengihumi
Streptomyces costaricanus
Pseudomonas aeruginosa
Cellulosimicrobium cellulans

JX945659
JX945660
JX945657
JX945661
JX945662
JX945663
JX945664
JX945665
JX945658
JX945666
JX945667
JX945668

+
++
+
+
++
+++
++
+
++
−
−
−

+
−
+
+
−
−
−
−
++
−
−
−

−
−
−
−
−
+
−
−
+
−
+
−

−
−
+
+
+
−
+
−
+
−
−
+

−
−
+
−
−
−
−
−
−
−
−
+

Key: + = slight halos (1–2 mm), ++ = medium halos (2–5 mm), +++ = large halos (> 5 mm), Trb = tributyrin, Oil = olive oil, − = no halos.

respectively. Bacillus ﬁrmus was capable of hydrolysing all three concentrations of tributyrin, but largest halos were observed at 1% substrate concentration. Micrococcus luteus, P. aeruginosa, and Cellulosimicrobium cellulans were also identiﬁed as esterase producers. Eight
percent, 63% and 22% of the isolates displayed activity on 1%, 2% and
5% tributyrin plates, respectively. Curtobacterium ﬂaccumfaciens, Bacillus thuringiensis, B. cereus, Pantoea agglomerans and P. vagans produced
the greatest zones of hydrolysis indicating esterase activity, with a halo
zone of 2–5 mm (Fig. 1). Other studies have also had some degree of
success with the use of tributyrin and olive oil/rhodamine B as substrates and methods for screening for lipolytic activity [32,46,47].
Due to diﬃculty encountered with visualization and of the clearing
zones, additional assays such as phenol red and tween agar plate
screenings were also performed to validate the results obtained. Both
assays conﬁrmed the results, however, the phenol red agar plate assay
was more sensitive than the other assays. Distinct clearings for the
phenol red plates and precipitation zones for the tween plates were
observed (Fig. 2). The phenol red screening plates were used to quantify
activity (Tables 1 and 2).
Lipases and esterases have been identiﬁed by screening microorganisms on various types of agar plates such as phenol red, rhodamine B, tween, Nile blue and so forth [48]. However varying degrees of
success have been reported with the diﬀerent methods of screening. An
extracellular lipase isolated from a psychrotrophic Pseudomonas strain

was discovered by screening on olive oil agar plates. Some researchers
have found success with the rhodamine B dye method developed by
Kouker and Jaeger (1987) [30,32,49,50]. However, others encountered
diﬃculties in preparing the media, as well as visualizing activity of
weaker lipases [51]. Based on the results from this study, the recommended method of screening for lipolytic activity would therefore
be, phenol red agar plates supplemented with 1% olive oil or tributyrin.
In addition, isolates were also screened for cellulose activity. In the
pulp and paper industry, the presence of cellulases has undesirable effects on the quality of pulp generated, particularly in the production of
dissolving pulp (high grade cellulose pulp, > 98% cellulose content).
Potential cellulases would hydrolyze the cellulose ﬁbres resulting in a
decrease in alpha cellulose, thus impacting yield [52]. Consequently,
the detection and elimination of cellulase activity is important. Both the
quantitative (screening plates) and qualitative (DNS assay) revealed
negligible cellulase activity except for C. ﬂaccumfaciens (Table 3). This
was addressed by using spin columns with speciﬁc cut-oﬀ sizes to
eliminate the larger proteins (> 50 kDa) which could be potential
cellulases.
3.3. Native & SDS-PAGE
Native PAGE gels supplemented with carboxymethylcellulose and
avicel were used to ensure that the minimal endoglucanase and

Table 2
Lipase and esterase activity of bacteria isolated from diﬀerent Eucalyptus spp.
Species

GenBank Number

Esterase1% Trb

Esterase2% Trb

Esterase5% Trb

Lipase1% Oil

Lipase 2.5% Oil

DF1
DF2
DF3
DF5
DF6
DF7
DF8

E. dunnii
Mucilaginibacter sp.
Unidentiﬁed
Curtobacterium ﬂaccumfaciens
Pantoea vagans
Unidentiﬁed
Bacillus thuringiensis
Unidentiﬁed

JF999998.1
−
HE613377.1
CP002206.1
−
FN667913.1
−

−
−
−
−
−
−
−

−
++
++
−
++
++
+

+
+
+
+
+
+
+

−
−
−
+
+
+
−

−
+
−
−
−
+
-

G1
G2
G3
G4

E. grandis
Pantoea agglomerans
Curtobacterium ﬂaccumfaciens
Pantoea vagans
Unidentiﬁed

FJ11844.1
JF706511.1
CP002206.1
−

−
−
−
−

++
++
++
−

+
−
+
+

−
−
+
−

−
−
−

N1
N2
N3
N4
N5
N6
N7

E. nitens
Bacillus cereus
Pantoea sp.
Curtobacterium sp.
Bacillus cereus
Bacillus cereus
Bacillus sp.
Bacillus thuringiensis

JF758862.1
JN853250.1
HQ219967.1
JQ308572.1
EU621383.1
EU162013.1
FN667913.1

++
−
−
−
−
−
−

++
−
+++
−
−
++
++

+
+
+
+
+
+
+

−
−
−
−
−
−
−

+
−
+
−
+
−

Key: + = slight halos (1–2 mm), ++ = medium halos (2–5 mm), +++ = large halos (> 5 mm), Trb = tributyrin, Oil = olive oil, − = no halos.
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Fig. 1. A- 1% tributyrin plate screening assays for
the detection of esterase activity of pure bacterial
isolates from Eucalyptus wood species, B- 1% olive
oil/rhodamine B plate screening assays for the detection of lipase activity of pure bacterial isolates
from Eucalyptus wood species.

Cellulases have a negative impact on the ﬁnal pulp by reducing cellulose chains. An esterase as small as 1.57 kDa from Bacillus stearothermophilius has been described by Simoes et al. (1997) [54]. Bacillus
thuringiensis has been reported to produce a 38 kDa phospholipase [55].
3.4. Lipase and esterase activity
Upon evaluation of the preliminary screenings, the following isolates were selected for further study, DF3 – C. ﬂaccumfaciens, DF7 – B.
thuringiensis, B9–Pantoea sp. and BT – B. thuringiensis. In addition to the
bacterial isolates selected, two fungal isolates F4–P. formosus and X – P.
alba were chosen based on similar preliminary plate screenings (data
not shown) as well as previous studies on laccase activity [56]. The
eﬀect of initial pH on the extracellular and intracellular lipase/esterase
activity of the selected isolates was investigated at pH 8 and 37 °C with
acetate and butyrate as substrates (generally selected for initial investigations). The results in Table 3 show a higher enzyme activity in
the extracellular fractions of BT, DF7, and DF3, whilst B9 demonstrated
higher activity in its intracellular fraction. Therefore, the appropriate
fractions were used for further characterization of these enzymes. Fungi
are known to produce extracellular enzymes to degrade polymers that
cannot be absorbed [57], therefore it was not unexpected that the intracellular fraction yielded no enzyme activity.

Fig. 2. 1% Tween 80 agar plates (left) and 1% tributyrin phenol red agar plates (right) for
the detection of lipase and esterase activity, respectively, of pure bacterial isolates from
Eucalyptus wood species.

exoglucanase activity observed was eliminated. Samples concentrated
with the 3 kDa spin column were thereafter passed through a 50 kDa
spin column to remove the larger proteins, presumably thought to be
cellulases (Fig. 3). It is imperative that the enzyme extracts characterized here, contain no cellulase activity that may degrade the cellulose
ﬁbers. All other accessory enzymes such as xylanases, laccases, and
ligninases that may be present will positively contribute to the production of high quality cellulose pulp. Bacterial lipases and esterases
generally have an expected protein size of between 15 and 45 kDa [53].
Proteins larger than 50 kDa were regarded as potential cellulases.

3.5. Eﬀects of temperature and pH on enzyme activity
Speciﬁcity of lipases are directed by a variety of properties such as
type of substrate, position of esters fatty acids, stereospeciﬁcity and a
combination of all four. These include factors that alter the binding of
the enzyme to the substrate, the molecular properties of the enzyme,
and structure of the substrate [58]. Therefore, in the work reported
here, it was vital to institute an experimental design to test the eﬀects of
pH and temperature on a range of substrates. The majority of reported
studies elect to determine pH and temperature optima and then test the

Table 3
Lipase/esterase and cellulase activity (endoglucanase and exoglucanase activity using the DNS assay) and protein concentrations of the intracellular and extracellular fractions from the
diﬀerent isolates.

BT
DF7
B9
DF3
F4
X

Bacillus thuringiensis
Bacillus thuringiensis
Pantoea sp.
Curtobacterium ﬂaccumfaciens
Paecilomyces formosus
Phialophora alba

Acetate (U/ml)

Butyrate (U/ml)

Protein Conc. (μg/ml)

Ext.

Int.

Ext.

Int.

Ext.

Int.

5.55
10.71
5.12
10.35
7.78
2.18

5.24
5.16
6.75
4.09
–
–

9.75
10.98
2.82
10.70
18.89
30.11

5.78
4.34
5.27
3.44
–
–

212.9
414.3
1.69
62.86
51.43
98.57

1.57
1.84
25
1.88
–
–
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Endoglucanase Activity (U/ml)

Exoglucanase Activity (U/ml)

0.057
0.021
0.012
0.203
0.019
0.034

0.043
0.013
0.015
0.121
0.029
0.041
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Fig. 3. Native PAGE gels supplemented with carboxylmethylcellulose (CMC) to conﬁrm removal of
any potential endoglucanases. A: SDS-PAGE of crude
enzymes, 1- DF7, 2- DF3, 3-BT. B: Native PAGE of
crude enzymes, 1- BT, 2-DF3, 3- DF7. C: Native page
of crude enzymes after partial puriﬁcation, 1- BT, 2DF3, 3- DF7.

for reaction [70]. Post and Ray (1995) showed that conformational
changes can enhance the speciﬁcity of an enzyme with suboptimal
catalytic eﬃciency [71].
The enzymes isolated from the other microorganisms (DF3, F4, X)
showed a preference for dodecanoate, palmitate, myristate, octanoate
and stearate substrates. The enzymes’ speciﬁcity in relation to lipids
with fatty acid residues of C8–C18 chain length compellingly suggests
that the enzymes described in this study could be true lipases. Enzymes
isolated from Pantoea sp. (B9) could potentially be classiﬁed as esterases due to their speciﬁcity towards butyrate and valerate. The criteria used to diﬀerentiate esterases from lipases, is that esterases do not
hydrolyse esters containing an acyl chain length of longer than 10
carbon atoms [72]. It is unusual for isolate B9 to prefer pNP-butyrate
over pNP-acetate, such speciﬁcity is uncommon in nature, however,
novel esterases from Lactobacillus casei and Escherichia coli have previously demonstrated such catalytic preference [72,73]. C. ﬂaccumfaciens (DF3) displayed highest activity of 60 U/ml at 30 °C with substrate
speciﬁcity towards palmitate. C. ﬂaccumfaciens is an endophytic bacteria associated with crops such as rice, potato, yam, tobacco, and cucumber and is capable of producing lipases [74]. This could be the ﬁrst
report of a characterized lipase from C. ﬂaccumfaciens isolated from
Eucalyptus wood.
Low activities were obtained for laccases (Fig. 4), and this is expected as extracellular laccases from basidiomycete fungi are known to
be produced in low amounts [75]. It is recognized that when fungi are
grown in a medium of pH 5, laccases will be produced in excess,
however most studies show that a pH range of 3.6 to 5.2 is suitable for
enzyme production [76]. Optimal temperatures for laccase activity can
vary signiﬁcantly amongst organisms. There are reports of activities in
the range of 25 to 80 °C, with most enzymes having an optimum at 50
to 70 °C [77]. In this study the optimum temperatures of the lipases and
esterases were 30 and 35 °C, respectively. Therefore, laccase activity
and stability were tested at these temperatures as the ﬁnal application
of this study would be to create an enzyme cocktail to treat pulp for
eﬀective removal of lipophilic extractives. Nevertheless, there was
minimal variation in activity from the optimal pH and temperature of
isolates F4 and X. Isolate F4 displayed 6.8% and 9.7% more activity at
the optimal conditions of 40 °C and pH 5.5, respectively. Isolate X
showed 15.3% more activity at 50 °C, whilst the optimal pH remained
the same. Our results are comparable to another study where the
maximum production of laccase from Trichoderma harzianum was observed at 35 °C and pH 5 after 6 days [78].
In addition to demonstrating laccase activity (up to 3.1 U/ml)
(Fig. 4), P. formosus (F4) and P. alba (X) also demonstrated high substrate speciﬁcity towards dodecanoate at 35 and 30 °C, respectively.
Limited information has been published on the enzymes produced by P.
alba, however, previous work indicate that xylanases from this microorganism were characterized with activity of up to 420 IU/ml [79]. The
presence of enzymes from this microorganism could greatly assist in the

substrate speciﬁcity of the optimal expressed enzyme [59,60]; less detailed studies have demonstrated some eﬀect of pH on substrate speciﬁcity of lipases and esterases [61]. Ertuğrul and colleagues found that
at pH 6, lipases from a Bacillus strain demonstrated highest activity
towards the long chain triglyceride trimyristin (C14), however, at pH 9,
the shorter chain triglycerides such as tributyrin (C4) and triacetin (C2)
provided higher lipase activity compared to the longer chain triglycerides (C8–C14) [61]. This behaviour has also been reported for acetyl
esterases from Thermomyces lanuginosus where, no activity was observed against p-NP-acetate at pH 9.0, however, activity at pH 4.0 was
recorded [62]. This reveals the varying degrees of lipase and esterase
activity depending on the pH of the medium, which may be attributed
to the presence of isoenzymes. Results of our study indicate that substrate speciﬁcity is aﬀected by changes in pH and temperature.
The enzymes in our study showed a preference for acidic conditions
which is fairly uncommon amongst bacterial lipases. The majority of
lipases are known to display their highest activities at a neutral or alkaline pH [63–65]. However, there are reports of the production of
acidic lipases from bacteria although with varying amounts of activity.
Ramani et al. (2010) described the production of an acidic lipase by
Pseudomonas gessardii which had a maximum activity of 156 U/ml at a
pH of 3.5 [66]. On the lower end of the scale, an acidic lipase produced
by Aeromonas sp. demonstrated optimal activity of 0.7 U/ml at a pH of
6 [67].
The highest hydrolysis rates were obtained with potential lipases
isolated from B. thuringiensis (BT and DF7) on p-NP-valerate (C5) p-NPoctanoate (C8), p-NP-dodecanoate (C12), and p-NP-myristate (C14), indicating the enzymes’ propensity for longer acyl chain lengths (Fig. 5).
The p-NP esters of palmitic and stearic acids were also good substrates,
however the shorter acyl chain esters such as acetate, butyrate and
valerate were hydrolysed at a lower rate but with relatively comparable
activity to the longer chain acyl chain substrates. This suggests that the
enzymes from both B. thuringiensis isolates could potentially produce
both lipases and esterases. Lipases from Bacillus species such as Bacillus
stearothermophilus have been reported to hydrolyse synthetic substrates
with acyl group chain lengths between C8 and C12 with optimal activity
on C10 p-NP-caprate [68]. On the other hand, a lipase isolated from B.
stearothermophilus had a wide substrate speciﬁcity towards triglycerides
with C4 to C18 [69].
Initially, when the enzymes were tested at pH 8, greater activity was
observed with p-NP acetate and p-NP butyrate (data not shown).
However, at the optimal pH of 4 and 5, greater activity towards dodecanoate, myristate and palmitate was noted (Table 4). This suggests
that changes in pH have an inﬂuence on the substrate speciﬁcity of the
enzyme. These ﬁndings may be explained by the phenomenon of induced ﬁt model. This model claims that the substrate may cause substantial transformation in the three-dimensional link of the amino acids
at the active site and these modiﬁcations in protein structure initiated
by a substrate will bring the catalytic groups into a suitable orientation
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Table 4
Optimized pH, temperature and substrates for lipolytic enzymes from the diﬀerent isolates.
Isolate

Optimum pH

Optimum Temperature

Substrate Speciﬁcity

BT
DF7
B9
DF3
F4
X

5
4
4
4
4
5

30 °C
35 °C
35 °C
30 °C
35 °C
30 °C

Dodecanoate, Myristate, Octanoate, Acetate
Dodecanoate, Octanoate, Valerate, Butyrate
Valerate, Dodecanoate, Butyrate, Octanoate
Palmitate, Dodecanoate, Myristate, Octanoate
Dodecanoate, Palmitate, Octanoate, Myristate
Dodecanoate, Stearate, Myristate, Octanoate

indicates the broad range of substrates these enzymes are able to act
upon. The stability of these enzymes is a desirable characteristic and
would oﬀer an advantage in potential industrial applications. However,
for the purpose of this study the addition of these enzymes to pulp as a
pre-treatment step would be optimal up to 2–3 h. Similar results were
reported by Massadeh and Sabra (2011) where a lipase isolated from B.
stearothermophilus remained stable at a pH range of 7–9 after incubation
for 1 h at 30 °C, with a residual activity remaining above 50% for pH
7–9 [84]. However, extremophilic organisms are capable of producing
hardier lipases. A thermostable lipase from Geobacillus thermodenitriﬁcans IBRL-nra was found to have an optimal temperature of
65 °C, at which it retained its initial activity for 3 h. Its highest lipase
activity was reported at pH 7.0 and stable for 16 h at 65 °C [85]. Borkar
et al. (2009) reported a lipase from a P. aeruginosa strain which was
found to be completely stable at 55 °C after 2 h at pH 6.9 [86]. A lipase
from a psychrotolerant Pseudomonas ﬂuorescens strain was active at a
temperature range of 15–65 °C, however, it exhibited maximum activity
at 45 °C and pH 8.0. This enzyme demonstrated high stability, retaining
100% and 70% of its activity after an incubation period of 45 and
100 min, respectively, at 45 °C and pH 8.0. This particular lipase also
showed a broad substrate speciﬁcity acting on p-nitrophenyl esters with
C8–C18 acyl groups as substrates [60].
Many researchers elect to clone genes coding for enzymes of interest
in order to increase activity and improve production [87–89]. However,
in industry this may not be a practical approach as screening of clone
libraries involves conventional agar plate-based methods, which would
require approximately 10,000 petri plates, each containing 10,000
clones. This is time-consuming and would greatly increase expenditure
[90]. The enzyme activities observed in this study are comparable to, if
not higher, than those of lipases and esterases which have not been
modiﬁed or cloned (Table 5). The activities recorded in this study (up to
60 U/ml) could be invaluable in the reduction of pitch formation in the
pulp and paper industry. In addition, the enzymes described here are
indigenous to Eucalyptus wood species and have not been modiﬁed in
any way, thus making them feasible and ideal for industrial applications. This is particularly the case for the acid-bisulphite pulping process used to produce dissolving pulp, as this process involves acidic pH

reduction of pitch formation as well as the breakdown of xylan which
will reduce the amount of chemicals used in the downstream processing
of pulp [80,81]. Laccases also have the ability to degrade both phenolic
and non-phenolic compounds. Plant phenols released by hardwoods
during pulping may have an inhibitory eﬀect on enzyme activity [82],
therefore the inclusion of fungal laccases in this study could mitigate
the inhibitory eﬀects of phenolic compounds.

3.6. Eﬀects of temperature and pH on stability of enzymes
In the pulp and paper industry, the enzyme pre-treatment of pulp is
a tricky aﬀair. When considering the addition of enzymes to pulp, a
number of variables such as dosage, incubation period, temperature, pH
and combination of enzymes needs to be taken into account. Time is
money, so minimal amount of time for enzyme pre-treatment would be
optimal. Therefore, when determining enzyme stability, a shorter range
for the incubation period was selected. Stability was however tested at
18 h to establish a broader range for incubation time, however, in industry pre-treatment times of up to 18 h are not feasible.
The enzymes from the various microorganisms appear to be relatively stable over a period of 18 h at their optimal temperature.
Enzymes from DF3, DF7, and X maintained their lipolytic activity over
a period of 3 h with minimal loss in activity and retained at least 60%
activity after 18 h (Fig. 6). Enzymes isolated from BT, X, F4, DF3 and
DF7 were fairly stable up to 2 h and thereafter a 30–40% decrease in
activity was observed. More than 90% of the original activity was retained after 18 h for DF3 with dodecanoate and palmitate as substrates.
Enzymes from DF7 and F4 retained more than 75% activity after 18 h
with butyrate and valerate as substrates, respectively. B9 on the other
hand, initially demonstrated high stability after 1 h of incubation followed by a drop in activity to 70% after 3 h of incubation. These results
fare well in comparison to other studies under similar conditions. For
example, in a study by Eggert et al. (2001) a variant of an esterase
(LipB, EC 3.1.1.1) from Bacillus subtilis was found to be stable at pH 5
and 45 °C for 1 h [83].
Speciﬁcity of enzymes from DF3, DF7, F4 and X towards both the
shorter and longer aliphatic acyl chains over the 18 h incubation period

Fig. 4. Activity and stability of laccases from fungal isolates F4 and X. A: activity at 30 °C, 35 °C, pH 4 and pH 5; B: enzyme stability at 35 °C and pH 4 for F4 and 30 °C and pH 5 for X. .
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Fig. 5. Eﬀect of temperature (at optimum pH 4 or 5) on the activity of esterases/lipases from isolates DF3 (pH 4), DF7 (pH 4), B9 (pH 4), F4 (pH 4), BT (pH 5) and X (pH 5) on p-NP esters
(C2–C18).

Fig. 6. Stability of esterases/lipases from DF3 (A); DF7 (B); B9 (C); F4 (D); BT (E) and X (F) at optimum temperature and pH.
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Table 5
Comparison of optimal temperature and pH of some lipases and esterases isolated from diﬀerent bacteria.
Isolate

Enzyme

pH

Temperature (°C)

Enzyme Activity (U/ml)

Refs.

Bacillus THL027
Bacillus coagulans BTS-3
Geobacillus zalihae sp.
Pseudomonas aeruginosa LP602
Pseudomonas gessardii
Burkholderia multivorans
Burkholderia multivorans V2
Burkholderia sp. ZYB002
Enterococcus durans NCIM5427
Streptomyces exfoliates LP10
Salinivibrio sp. strain SA-2
Anoxybacillus gonensis A4
Bacillus sp. strain DVL2
Bacillus licheniformis
Geobacillus sp. DF20
Lactobacillus brevis NJ13
Alcaligens faecalis
Burkholderia fungorum A216
Achromobacter denitriﬁcans strain SP1
Janthinobacterium lividum
Pseudomonas sp. KWI-56

Lipase
Lipase
Lipase
Lipase
Lipase
Lipase
Lipase
Lipase
Lipase
Lipase
Lipase
Esterase
Esterase
Esterase
Esterase
Esterase
Esterase
Esterase
Esterase
Esterase
Esterase

7
8.5
6.5
8
3.5
7
8
8
4.6
6
7.5
5.5
7
8–8.5
7
8
8
6.5
8
7
7.5

70
55
65
55
30
30
37
65
30
37
50
60–80
37
45
50
50
30
37
50
30
22

8.3
1.16
0.15
3.5
156
58
14
22.8
207.6
6.9
5.1
0.8
5.2
12
27.9
48.12
0.27
0.014
89.5
0.00568
51.6

Dharmsthiti and Luchai [91]
Kumar et al. [65]
Rahman et al. [92]
Dharmsthiti and Kuhasuntisuk [93]
Ramani et al. [66]
Gupta et al. [94]
Dandavate et al. [95]
Shu et al. [96]
Vrinda [97]
Aly et al. [98]
Amoozegar et al. [64]
Faiz et al. [99]
Kumar et al. [100]
Alvarez-Macarie et al. [101]
Özbek et al. [102]
Kim et al. [103]
Poornima and Kasthuri [104]
Jiao et al. [105]
Pradeep et al. [106]
Park et al. [107]
Sugihara et al. [108]

process conditions which would be suitable for the enzymes described
in this study.

[7]

4. Conclusions
[8]

In the present work, a cellulose-free cocktail of lipolytic and other
enzymes was obtained from microorganisms indigenous to South
African Eucalyptus wood chips. Lipases and esterases showed optimal
activity at moderate temperatures (30 and 35 °C) and acidic pH range
(pH 4 and 5). The enzymes’ stability and activity on a broad range of
lipophilic substrates could lead to potential biotechnological applications in the removal of lipophilic components that cause pitch problem
in the manufacture of high purity chemical pulps such as dissolving
wood pulp. The inclusion of laccases has the potential to assist in further degradation of these problematic lipophilic compounds. Future
work will focus on applying these enzymes directly to the pulped wood
chips and evaluating their potential to reduce the agglomeration of lipophilic compounds that cause pitch formation during pulping. The
application of enzymes produced by indigenous microﬂora will aid in
reducing cost and is a greener alternative to chemical treatments.

[9]

[10]

[11]

[12]

[13]
[14]

Conﬂict of interest

[15]
[16]

None.

[17]

Acknowledgements
[18]

This work was supported by the National Research Foundation
(NRF) and the Bioreﬁnery Industry Development Facility at the Council
for Scientiﬁc and Industrial Research (CSIR), Durban, South Africa.

[19]

[20]

References
[21]
[1] S. Kulkarni, P. Sadichha, S. Satpute, Microbial esterases: an overview, Int. J. Curr.
Microbiol. Appl. Sci. 2 (2013) 135–146.
[2] U.T. Bornscheuer, Microbial carboxyl esterases: classiﬁcation, properties and application in biocatalysis, FEMS Microbiol. Rev. 26 (2002) 73–81.
[3] D.L. Ollis, E. Cheah, M. Cygler, B. Dijkstra, F. Frolow, S.M. Franken, M. Harel,
S.J. Remington, I. Silman, J. Schrag, et al., The alpha/beta hydrolase fold, Protein
Eng. 5 (1992) 197–211.
[4] G. Dodson, A. Wlodawer, Catalytic triads and their relatives, Trends Biochem. Sci.
23 (1998) 347–352.
[5] S. Sharma, S.S. Kanwar, Organic solvent tolerant lipases and applications, Sci.
World J. (2014) 625258.
[6] S.M. Thomas, S. Kavitha, Isolation and screening of lipase producing

[22]

[23]
[24]

[25]

122

microorganism from soil and comparative study of enzyme activity with diﬀerent
substrates, Int. J. Sci. Eng. Technol. Res. 4 (2015) 5778–5781.
V. Ramakrishnan, L.C. Goveas, B. Narayan, P.M. Halami, Comparison of lipase
production by Enterococcus faecium MTCC, 5695 and Pediococcus acidilactici MTCC,
11361 using ﬁsh waste as substrate: optimization of culture conditions by response
surface methodology, Int. Sch. Res. Notices: Biotechnol. (2013) 980562.
A. Knapp, S. Voget, R. Gao, N. Zaburannyi, D. Krysciak, M. Breuer, B. Hauer,
W.R. Streit, R. Müller, R. Daniel, K.-E. Jaeger, Mutations improving production
and secretion of extracellular lipase by Burkholderia glumae PG1, Appl. Microbiol.
Biotechnol. 100 (2016) 1265–1273.
J. Rodrigues, A. Canet, I. Rivera, N.M. Osório, G. Sandoval, F. Valero, S. FerreiraDias, Biodiesel production from crude Jatropha oil catalysed by non-commercial
immobilized heterologous Rhizopus oryzae and Carica papaya lipases, Bioresour.
Technol. 213 (2016) 88–95.
M.E. Vaquero, J. Barriuso, M.J. Martínez, A. Prieto, Properties, structure, and
application of microbial sterol esterases, Appl. Microbiol. Biotechnol. 100 (2016)
2047–2061.
R. Gupta, A. Kumari, P. Syal, Y. Singh, 2015 Molecular and functional diversity of
yeast and fungal lipases: their role in viotechnology and cellular physiology, Prog
Lipid Res . 57 (2015) 40–54.
V.P. Lailaja, M. Chandrasekaran, Detergent compatible alkaline lipase produced
by marine Bacillus smithii BTMS 11, World J. Microbiol. Biotechnol. 29 (2013)
1349–1360.
R. Fernández-Lafuente, Lipase from Thermomyces lanuginosus: uses and prospects
as an industrial biocatalyst, J. Mol. Catal. B: Enzym. 62 (2010) 197–212.
S. Vijayalakshmi, S. Venkatkumar, V. Thankamani, Screening of alkalophilic
thermophilic protease isolated from Bacillus RV.B2.90 for industrial applications,
Res. Biotechnol. 2 (2011) 32–41.
M. Imran, M.J. Asad, S.H. Hadri, S. Mehmood, Production and industrial applications of laccase enzyme, J. Cell Mol. Biol. 10 (2012) 1–11.
N. Gurung, S. Ray, S. Bose, V. Rai, A broader view: microbial enzymes and their
relevance in industries, medicine, and beyond, BioMed Res. Int. 18 (2013).
P.S. Nigam, Microbial enzymes with special characteristics for biotechnological
applications, Biomolecules 3 (2013) 597–611.
E. Back, L.H. Allen, Pitch Control, Wood Resin and Deresination, in: E.L. Back,
L.H. Allen (Eds.), TAPPI Press, 2000, pp. 307–328.
A. Gutiérrez, J.C. del Río, A.T. Martínez, Microbial and enzymatic control of pitch
in the pulp and paper industry, Appl. Microbiol. Biotechnol. 82 (2009)
1005–1018.
A. Gutiérrez, J.C. del Río, A.T. Martínez, Fungi and their enzymes for pitch control
in the pulp and paper industry, in: M. Hofrichter (Ed.), Industrial Applications,
Spinger-verlag, Berlin, Heidelberg, 2010.
B. Sithole, S. Shirin, X. Zhang, L. Lapierre, J. Pimental, M. Paice, Deresination
options in sulphite pulping, BioResources 5 (2010) 187–205.
B.B. Sithole, E.J. Pimentel, Determination of nonylphenol and nonylphenol
ethoxylates in pulp samples by Py-GC/MS, J. Anal. Appl. Pyrolysis 85 (2009)
465–469.
P. Bajpai, P.K. Bajpai, R. Kondo, Biotechnology for Environmental Protection in
Pulp and Paper Industry, Springer, Germany, 1999, pp. 13–28.
E. Dube, F. Shareck, Y. Hurtubise, M. Beauregard, C. Daneault, Enzyme-based
approaches for pitch control in thermomechanical pulping of softwood and pitch
removal in process water, EXFOR and Annual Meeting, Montreal,QC, Canada, 3–4
February, 2009, pp. 69–74.
M. Paice, Enzyme application in pulp and paper manufacturing, Paprican
Proceedings, Lakehead University Symposium, Canada, 27 September, 2005, pp.
1–40.

Biotechnology Reports 15 (2017) 114–124

L. Ramnath et al.

[56] A.F. Gokul, Screening and Characterization of Fungal Laccases. Honours dissertation. University of KwaZulu-Natal, Discipline of Microbiology, School of Life
Sciences, College of Agriculture, Engineering and Sciences, Private Bag X54001,
Durban, 4000, South Africa, 2014, p. 4.
[57] A.-L. Sunesson, Volatile metabolites from microorganisms in indoor environments
– sampling, analysis and identiﬁcation. Masters dissertation. Umeá University,
Department of Analytical Chemistry, S-901 87 Umeá and National Institute for
Working Life, Analytical Chemistry Division, P. O. Box 7654, S-907 13 Umeá,
Sweden, pp. 11 (1995).
[58] R.G. Jensen, F.A. DeJong, R.M. Clark, Determination of lipase speciﬁcity, Lipids 18
(1983) 239–252.
[59] M.P. Prasad, Production of lipase enzyme from Pseudomonas aeruginosa isolated
from lipid rich soil, Int. J. Pure Appl. Biosci. 2 (2014) 77–81.
[60] A.A. Gökbulut, A. Arslanoğlu, Puriﬁcation and biochemical characterization of an
extracellular lipase from psychrotolerant Pseudomonas ﬂuorescens KE38, Turk. J.
Biol. 37 (2013) 538–546.
[61] S. Ertuğrul, G. Dönmez, S. Takaç, Isolation of lipase producing Bacillus sp. from
olive oil mill wastewater and improving its enzyme activity, J. Hazard. Mater. 149
(2007) 720–724.
[62] S.K. Ghatora, B.S. Chadha, H.S. Saini, M.K. Bhat, C.B. Faulds, Diversity of plant
cell wall esterases in thermophilic and thermotolerant fungi, J. Biotechnol. 125
(2006) 434–445.
[63] M. Guncheva, D. Zhiryakova, Catalytic properties and potential applications of
Bacillus lipases, J. Mol. Catal. B: Enzym. 68 (2011) 1–21.
[64] M.A. Amoozegar, E. Salehghamari, K. Khajeh, M. Kabiri, S. Naddaf, Production of
an extracellular thermophilic lipase from a moderately halophilic bacterium,
Salinivibrio sp. strain SA-2, J. Basic Microbiol. 48 (2008) 160–167.
[65] S. Kumar, K. Kikon, A. Upadhyay, S.S. Kanwar, R. Gupta, Production, puriﬁcation,
and characterization of lipase from thermophilic and alkaliphilic Bacillus coagulans
BTS-3, Protein Expr. Purif. 41 (2005) 38–44.
[66] K. Ramani, E. Chockalingam, G. Sekaran, Production of a novel extracellular acidic
lipase from Pseudomonas gessardii using slaughterhouse waste as a substrate, J. Ind.
Microbiol. Biotechnol. 37 (2010) 531–535.
[67] C.-H. Liu, W.-M. Chen, J.-S. Chang, Methods for rapid screening and isolation of
bacteria producing acidic lipase: feasibility studies and novel activity assay protocols, World J. Microbiol. Biotechnol. 23 (2007) 633–640.
[68] S. Sinchaikul, B. Sookkheo, S. Phutrakul, F.M. Pan, Optimization of a thermostable
lipase from Bacillus stearothermophilus P1: Overexpression, puriﬁcation, and
characterization, Protein Expr. Purif. 22 (2001) 388–398.
[69] M. Kambourova, N. Kirilova, R. Mandeva, A. Derekova, Puriﬁcation and properties
of thermostable lipase from a thermophilic Bacillus stearothermophilus MC 7, J.
Mol. Catal. B: Enzym. 22 (2003) 307–313.
[70] D.E. Koshland, Application of a theory of enzyme speciﬁcity to protein synthesis,
Proc. Natl. Acad. Sci. 44 (1958) 98–104.
[71] C.B. Post, W.J. Ray, Re-examination of induced ﬁt as a determinant of substrate
speciﬁcity in enzymatic reactions, Biochemistry 34 (1995) 15881–15885.
[72] J.-K. Rhee, D.-G. Ahn, Y.-G. Kim, J.-W. Oh, New thermophilic and thermostable
esterase with sequence similarity to the hormone-sensitive lipase family, clones
from a metagenomic library, Appl. Environ. Microbiol. 71 (2005) 817–825.
[73] Y.J. Choi, C.B. Miguez, B.H. Lee, Characterization and heterologous gene expression of a novel esterase from Lactobacillus casei CL96, Appl. Environ.
Microbiol. 70 (2004) 3213–3221.
[74] W.L. Araújo, P.T. Lacava, F.D. Andreote, J.L. Azevedo, Interaction between endophytes and plant host: biotechnological aspects, in: C. Ait Barka, C. Clément
(Eds.), Plant-Microbe Interactions, Research Signpost, Kerala, India, 2008, pp.
95–115.
[75] L.C. Octavio, P.P. Ma, C. Irma, B.R.J. Ricardo, V.O. Francisco, Chapter 15:
Laccases, Advances in Agricultural and Food Biotechnology, Research Signpost,
Kerala, India, 2006, pp. 323–340.
[76] V. Madhavi, S.S. Lele, Laccase properties and applications, BioResources 4 (2009)
1694–1717.
[77] J. Snajdr, P. Baldrian, Temperature eﬀects the production, activity and stability of
ligninolytic enzymes in Pleurotus ostreatus and Trametes versicolor, Folia Microbiol.
52 (2007) 498–502.
[78] R.A. Abd El Monssef, E.A. Hassan, E.M. Ramadan, Production of laccase enzyme
for their potential application to decolorize fungal pigments on aging paper and
parchment, Ann. Agric. Sci. 61 (2016) 145–154.
[79] L.N. Mosina, Partial Puriﬁcation and Characterisation of Phialophora alba
Xylanases and Its Application to Pretreated Sugarcane Bagasse, Masters
Dissertation, Department of Microbiology, School of Life Sciences, University of
KwaZulu-Natal, Durban, South Africa, 2013.
[80] S.S. Dhiman, J. Sharma, B. Battan, Industrial applications and future prospects of
microbial xylanases: a review, Bioresources 3 (2008) 1377–1402.
[81] G.M. Gübitz, D. Haltrich, B. Latal, W. Steiner, Mode of depolymerisation of
hemicellulose by various mannanases and xylanases in relation to their ability to
bleach softwood pulp, Appl. Microbiol. Biotechnol. 47 (1997) 658–662.
[82] P. Upadhyay, R. Shrivastava, P.K. Agrawal, Bioprospecting and biotechnological
applications of fungal laccase, 3 Biotech 6 (2016) 15–27.
[83] T. Eggert, G. van Pouderoyen, B.W. Dijkstra, K.-E. Jaeger, Lipolytic enzymes LipA
and LipB from Bacillus subtilis diﬀer in regulation of gene expression biochemical
properties, and three-dimensional structure, Fed. Eur. Biochem. Soc. Lett. 502
(2001) 89–92.
[84] M.I. Massadeh, F.M. Sabra, Production and characterization of lipase from Bacillus
stearothermophilus, Afr. J. Biotechnol. 10 (2011) 13139–13146.
[85] A. Balan, D. Ibrahim, R.A. Rahim, F.A.A. Rashid, Puriﬁcation and characterization
of a thermostable lipase from Geobacillus thermodenitriﬁcans IBRL-nra, Enzyme

[26] A. Gutiérrez, C. José, J.C. del Rio, D. Ibarra, J. Rencoret, J. Romero, M. Speranza,
et al., Enzymatic removal of free and conjugated sterols forming pitch deposits in
environmentally sound bleaching of eucalypt paper pulp, Environ. Sci. Technol. 40
(2006) 3416–3422.
[27] D. Robl, P.S. Costa, S.C. Rabelo, P.S. Delabona, D.J.S. Lima, G. Padilla,
J.G.C. Pradella, Use of ascomycete extracts in enzymatic cocktail formulations
increases sugar cane bagasse hydrolysis, BioEnergy Res. 9 (2016) 559–565.
[28] L. Ramnath, T. Bush, R. Govinden, Method optimization for denaturing gradient
gel electrophoresis (DGGE) analysis of microﬂora from Eucalytpus sp., wood chips
intended for pulping, Afr. J. Biotechnol. 13 (2014) 356–365.
[29] S.F. Altschul, W. Gish, W. Miller, E.W. Myers, D.J. Lipman, Basic local alignment
search tool, J. Mol. Biol. 215 (1990) 403–410.
[30] G. Kouker, K.-E. Jaeger, Speciﬁc and sensitive plate assay for bacterial lipases,
Appl. Environ. Microbiol. 53 (1987) 211–213.
[31] B. Rai, A. Shrestha, S. Sharma, J. Joshi, Screening, optimization and process scale
up for pilot scale production of lipase by Aspergillus niger, Biomed. Biotechnol. 2
(2014) 54–59.
[32] D. Kumar, L. Kumar, S. Nagar, C. Raina, R. Parshad, V.K. Gupta, Screening, isolation and production of lipase/esterase producing Bacillus sp. strain DVL2 and its
potential evaluation in esteriﬁcation and resolution reactions, Arch. Appl. Sci. Res.
4 (2012) 1763–1770.
[33] L. Singh, V.P. Singh, Biodegradation of textile dyes, bromophenol blue and Congo
red by fungus Aspergillus ﬂavus, Environ. We Int. J. Sci. Technol. 5 (2010)
235–242.
[34] S.S. Desai, G.B. Tennali, N. Channur, A.C. Anup, G. Deshpande, B.P. Azhar
Murtuza, Isolation of laccase producing fungi and partial characterization of laccase, Biotechnology, Bioinform. Bioeng. 1 (2011) 543–549.
[35] Y. Hu, Y. Huang, Y. Yin, G. Cheng, F. Lei, N. Lu, J. Li, E.J. Ashforth, L. Zhang,
B. Zhu, 2010 Novel lipolytic genes from the microbial metagenomic library of the
South China Sea marine sediment, FEMS Microbiol Ecol. 72 (2010) 228–237.
[36] J.P. Ride, The eﬀect of induced ligniﬁcation on the resistance of wheat cell walls to
fungal degradation, Physiol. Plant Pathol. 16 (1980) 187–196.
[37] Z. Wang, Y. Cai, X. Liao, G. Tao, Y. Li, F. Zhang, D. Zhang, Puriﬁcation and
characterization of two thermostable laccases with high cold adapted characteristics from Pycnoporus sp. SYBC-L1, Process Biochem. 45 (2010) 1720–1729.
[38] M.J. Bailey, P. Biely, K. Poutanen, Interlaboratory testing of methods for assay of
xylanase activity, J. Biotechnol. 23 (1992) 257–270.
[39] L. Bülow, K. Mosback, The expression in E. coli of a polymeric gene coding for an
esterase mimic catalysing the hydrolysis of p-nitrophenyl esters, FEBS Lett. 210
(1987) 147–152.
[40] R.C. Judd, Peptide mapping by two-dimensional thin-layer electrophoresis-thinlayer chromatography, in: J.M. Walker (Ed.), The Protein Protocols Handbook,
Humana Press Inc., Totowa, New Jersey, USA, 1996, p. 439.
[41] U.K. Laemmli, Cleavage of structural proteins during the assembly of the head of
bacteriophage T4, Nature 227 (1970) 680–685.
[42] M.M. Bradford, A rapid and sensitive method for the quantitation of microgram
quantities of protein utilizing the principle of protein-dye binding, Anal. Biochem.
72 (1976) 248–254.
[43] L. Govender, L. Naidoo, M.E. Setati, Isolation of hydrolase producing bacteria from
Sua pan solar salterns and the production of endo-1, 4-β-xylanase from a newly
isolated haloalkaliphilic Nesterenkonia sp, Afr. J. Biotechnol. 8 (2009) 5458–5466.
[44] P.S.B. Miguel, M.N.V. de Oliveira, J.C. Delvaux, G.L. de Jesus, A.C. Borges,
M.R. Tótola, J.C.L. Neves, M.D. Costa, Diversity and distribution of the endophytic
bacterial community at diﬀerent stages of Eucalyptus growth, Antonie Van
Leeuwenhoek 109 (2016) 755–771.
[45] R.A. Castro, M.C. Quecine, P.T. Lacava, B.D. Batista, D.M. Luvizotto, J. Marcon,
A. Ferreira, I.S. Melo, J.L. Azevedo, Isolation and enzyme bioprospection of endophytic bacteria associated with plants of Brazilian mangrove ecosystem,
Springer Plus 3 (2014) 382–391.
[46] F.N. Niyonzima, S.S. More, Screening and identiﬁcation of a novel alkaline lipase
producing bacterium, Int. J. Pharm. Bio. Sci. 4 (2013) 1037–1045.
[47] M. Veerapagu, A.S. Narayanan, K. Ponmurugan, K.R. Jeya, Screening selection
identiﬁcation production and optimization of bacterial lipase from oil spilled soil,
Asian J. Pharm. Clin. Res. 6 (2013) 62–67.
[48] S. Lanka, J.N.L. Latha, A short review on various screening methods to isolate
potential lipase producers: lipases-the present and future enzymes of biotech industry, Int. J. Biol. Chem. 9 (2015) 207–219.
[49] Z.B. Bakir, K. Metin, Screening for industrially important enzymes from thermophilic bacteria; selection of lipase-producing microorganisms and optimization of
culture conditions, Eur. J. Biotechnol. Biosci. 3 (2015) 43–48.
[50] W. Latip, R.N.Z.R.A. Rahman, A.T.C. Leow, F.M. Shariﬀ, M.S.M. Ali, Expression
and characterization of thermotolerant lipase with broad pH proﬁles isolated from
an Antarctic Pseudomonas sp. strain AMS3, Peer J. 4 (2016) e2420.
[51] C.A. Thomson, P.J. Delaquis, G. Mazza, Detection and measurement of microbial
lipase activity: a review, Crit. Rev. Food Sci. Nutr. 39 (2006) 165–187.
[52] I.S. Sindhu, S. Chhibber, N. Capalash, P. Sharma, Production of cellulose-free
xylanase from Bacillus megaterium by solid state fermentation for biobleaching of
pulp, Curr. Microbiol. 53 (2006) 167–172.
[53] R. Sharma, Y. Chisti, U.C. Banerjee, Production puriﬁcation, characterization, and
applications of lipases, Biotechnol. Adv. 19 (2001) 627–662.
[54] D.d.C.M. Simoes, D. McNeill, B. Kristiansen, M. Mattey, Puriﬁcation and partial
characterization of a 1.57 kDa thermostable esterase from Bacillus stearothermophilus, FEMS Microbiol. Lett. 147 (1997) 151–156.
[55] T. Kupke, M. Lechner, G. Kaim, F. Götz, Improved puriﬁcation and biochemical
properties of phosphatidylinositol-speciﬁc phospholipase C from Bacillus thuringiensis, Eur. J. Biochem. 185 (1989) 151–155.

123

Biotechnology Reports 15 (2017) 114–124

L. Ramnath et al.

536–548.
[97] R. Vrinda, Characterization of Lipase from Lactic Acid Bacteria Isolated from Fish
Processing Waste, PhD Thesis, University of Mysore, Karnataka, India, 2013.
[98] M.M. Aly, S. Tork, S.M. Al-Garni, L. Nawar, Production of lipase from genetically
improved Streptomyces exfoliates LP10 isolated from oil-contaminated soil, Afr. J.
Microbiol. Res. 6 (2012) 1125–1137.
[99] O. Faiz, A. Colak, N. Saglam, S. Canakçi, A.O. Beldüz, Determination and characterization of thermostable esterolytic activity from a novel thermophilic bacterium Anoxybacillus gonensis A4, J. Biochem. Mol. Biol. 40 (2007) 588–594.
[100] S. Kumar, R. Karan, S. Kapoor, S.P. Singh, S.K. Khare, Screening and isolation of
halophilic bacteria producing industrially important enzymes, Braz. J. Microbiol.
43 (2012) 1595–1603.
[101] E. Alvarez-Macarie, V. Augier-Magro, J. Baratti, Characterization of a thermostable esterase from the moderate thermophile Bacillus licheniformis, Biosci.
Biotechnol. Biochem. 63 (1999) 1865–1870.
[102] E. Özbek, Y. Kolcuoğlu, L. Konak, A. Çolak, F. Öz, Partial puriﬁcation and biochemical characterization of an extremely thermos- and pH-stable esterase with
great substrate aﬃnity, Turk. J. Chem. 38 (2014) 538–546.
[103] C.H. Kim, S.B. Cho, J.I. Chae, D.W. Kim, A.R. Lee, J.K. Park, N.J. Choi, Isolation of
esterase producing Lactobacillus brevis NJ13 from kim-chi and investigation of
eﬀective medium ingredients for esterase production using statistical method, J.
Anim. Plant Sci. 23 (2013) 149–156.
[104] S. Poornima, J. Kasthuri, Depolymerase and esterase assay in Alcaligens faecalis
against the coploymerized Acinetobacter junii CN1 PHBV, Int. J. Recent Sci. Res. 7
(2016) 9713–9717.
[105] A. Jiao, Z. Xu, X. Yang, Q. Guo, X. Liu, Screening and identiﬁcation of a feruloyl
esterase producing bacteria Burkholderia fungorum A216, J. Chem. Pharm. Res. 6
(2014) 1040–1046.
[106] S. Pradeep, M.S. Josh, E.S. Hareesh, S. Kumar, S. Benjamin, Achromobacter denitriﬁcans strain SP1 produces an intracellular esterase upon utilizing di(2ethylhexyl)phthalate, Int. Biodeterior. Biodegrad. 105 (2015) 160–167.
[107] J.-S. Park, J.-Y. Choi, P.-M. Joung, S.J. Park, Y.H. Rhee, K.-S. Shin, Isolation of a
medium chain length polyhydroxyalkanoic acids degrading bacterium,
Janthinobacterium lividum, J. Microbiol. 39 (2001) 139–141.
[108] A. Sugihara, Y. Shimada, T. Nagao, T. Lizumi, K. Nakamura, T. Fukase,
Y. Tominaga, Puriﬁcation and characterization of a carboxylesterase from
Pseudomonas sp. KWI-56, Biosci. Biotechnol. Biochem. 58 (1994) 752–755.

Res. 2012 (2012) 987523.
[86] P.S. Borkar, R.G. Bodade, S.R. Rao, C.N. Khobragade, Puriﬁcation and characterization of extracellular lipase from a new strain −Pseudomonas aeruginosa SRT 9,
Braz. J. Microbiol. 40 (2009) 358–366.
[87] S.C. Lehmann, A. Maraite, M. Steinhagen, M.B. Ansorge-Schumacher,
Characterization of a novel Pseudomonas stutzeri lipase/esterase with potential
application in the production of chiral secondary alcohols, Adv. Biosci. Biotechnol.
5 (2014) 1009–1017.
[88] L. Chriş, M. Hriscu, A. Bica, M. Tosa, G. Nagy, G. Róna, B.G. Vértessy, F.D. Irimie,
Molecular cloning and characterization of a thermostable esterase/lipase produced by a novel Anoxybacillus ﬂavithermus strain, J. Gen. Appl. Microbiol. 59
(2013) 119–134.
[89] B.V. Cedillo, F.J. Plou, M.J. Martínez, Recombinant sterol esterase from
Ophiostoma piceae: an improved biocatalyst expressed in Pichia pastoris, Microb.
Cell Fact. 11 (2012) 73–87.
[90] E.J. Mathur, G. Toledo, B.D. Green, M. Podar, T.H. Richardson, M. Kulwiec,
H.W. Chang, A biodiversity-based approach to development of performance enzymes: applied metagenomics and directed evolution, Ind. Biotechnol. 4 (2005)
283–287.
[91] S. Dharmsthiti, S. Luchai, Production, puriﬁcation and characterization of thermophilic lipase from Bacillus sp. THL027, FEMS Microbiol. Lett. 179 (1999)
241–246.
[92] R.N.Z.R.A. Rahman, T.C. Leow, A.B. Salleh, M. Basri, Geobacillus zalihae sp. nov., a
thermophilic lipolytic bacterium isolated from palm oil mill eﬄuent in Malaysia,
BMC Microbiol. 7 (2007) 77–86.
[93] S. Dharmsthiti, B. Kuhasuntisuk, Lipase from Pseudomonas aeruginosa LP602:
biochemical properties and application for wastewater treatment, J. Ind.
Microbiol. Biotechnol. 21 (1998) 75–80.
[94] N. Gupta, V. Sahai, R. Gupta, Alkaline lipase from a novel strain Burkholderia
multivorans: statistical medium optimization and production in a bioreactor,
Process Biochem. 42 (2007) 518–526.
[95] V. Dandavate, J. Jinjala, H. Keharia, D. Madamwar, Production, partial puriﬁcation and characterization of organic solvent tolerant lipase from Burkholderia
multivorans V2 and its application for ester synthesis, Bioresour. Technol. 100
(2009) 3374–3381.
[96] Z.-Y. Shu, J.-G. Wu, L.-X. Cheng, D. Chen, Y.-M. Jiang, X. Li, J.-Z. Huang,
Production and characterization of the whole-cell lipase from organic solvent
tolerant Burkholderia sp. ZYB002, Appl. Biochem. Biotechnol. 166 (2012)

124

